ABSTRACT To function efficiently in the body, the biological cells must have the ability to sense the external environment. Mechanosensitivity toward the extracellular matrix was identified as one of the sensing mechanisms affecting cell behavior. It was shown experimentally that a fibroblast cell prefers locomoting over the stiffer substrate when given a choice between a softer and a stiffer substrate. In this article, we develop a discrete model of fibroblast motility with substrate-rigidity sensing. Our model allows us to understand the interplay between the cell-substrate sensing and the cell biomechanics. The model cell exhibits experimentally observed substrate rigidity sensing, which allows us to gain additional insights into the cell mechanosensitivity.
INTRODUCTION
It has been established that viable cells sense their mechanical environment along with their biochemical environment, and that, in turn, the mechanical environment regulates cell function (1, 2) . Cell motility is one of the functions regulated by this extracellular matrix. Cell motility plays an extremely important role in many aspects of life. It is engaged, for example, in such diverse areas as embryonic development, response to infection by the immune system, wound healing, formation of new blood vessels, and in cancer metastasis (3, 4) .
The majority of earlier experiments on cell motility mechanisms was done on stiff substrates such as glass or plastic, with which cells can form strong attachments (see, for example, (5, 6) ). These cell-substrate adhesions not only anchor cells but are needed to sustain the forward motion as well. It was found that different types of cells (i.e., fibroblasts (1,7), endothelial cells (8) , smooth muscle cells (9), etc.) are able to sense substrate stiffness. In particular, cells cannot form adhesions on soft substrates, and, as a result, they cannot spread and therefore, remain stationary. On very rigid substrates, the opposite situation occurs, and here cells cannot release adhesions. The matrix stiffness also limits myosin II contraction directly, because soft surroundings physically do not support much contraction (10) . Thus, cells are able to move only on substrates that have intermediate stiffness, in which cells can effectively grab the surface and detach the rear. Only by this balance, between the cell contractility and the cell-substrate interaction, can cell motion be produced.
It has been shown that cells can also sense rigidity that is gradient in the substrate, and, change speed and direction of motion accordingly. This phenomenon is called ''durotaxis'' (see (2, 10 ) for reviews). The mechanism of durotaxis is not completely understood. According to Lo et al. (1) , the main mechanism supporting durotaxis comes from the mechanical feedback from a substrate to a cell, which balances the receptor-ligand complex displacement with the tension at the anchorage site. An additional role in durotaxis is believed to be due to the extracellular calcium influx through stressactivated channels (1) .
Bischofs and Schwarz (11) , on the other hand, focus on the elastic properties of the extracellular environment, operating under the assumption that cells prefer an environment that supports the most effective application of force. (The particular molecular mechanisms of durotaxis are still intensively discussed; see Giannone and Sheetz (12) for an extended review of the role of different cell proteins in the rigidity sensing.)
Whether cell movement on a substrate is chemically guided, mechanically guided, or both, this guidance is mediated by the cell cytoskeleton. A cell cytoskeleton is made of filaments (F-actin, microtubules, and intermediate filaments) and accessory proteins such as myosin II and integrins, as well as many other proteins and biomolecules. In general, a cell is modeled either as a whole (13, 14) or is divided into two main parts: 1), the lamellipodium, and 2), The cell body, where the bulk of cell mass, including nucleus, is contained (15, 16) .
Several whole-cell computational models which consider molecular mechanisms important for cell motility (such as actin polymerization/depolymerization, integrins, and myosin II dynamics) were developed (13, 15, (17) (18) (19) . In addition, the rule-based models that focus on common mechanisms in cell motility also exist (20) (21) (22) (for reviews see (23) (24) (25) ).
Typically, in these models, the cell cytoskeleton is considered as a collection of a small number of nodes, connected by elastic springs and viscous dashpots according to a corresponding viscoelasticity model. Subsequently, the resulting force balance equations are solved at each node. This approach is easily understood, and allows one to study qualitative features of cell motility. Particularly, DiMilla et al. (17) studied a one-dimensional mechanical model of cell locomoting on substrates with different adhesiveness. Mogilner et al. (26) presented the minimal one-dimensional model of cell locomotion applied to the steady gliding movement of a fish keratocyte. It was demonstrated that the dynamics of actin fiber self-alignment and contraction of the actin-myosin network may explain forward translocation of the cell body.
Bottino (27) developed a mechanical model of cell based on the immersed boundary method. In this method, the actin crosslinks among the actin filament clusters are represented as springs, with the rest lengths depending on local biochemical signal strength. The technique was also applied in Bottino et al. (15) to a two-dimensional model of nematode sperm crawling. Another two-dimensional model in which model cell consisted of uniformly distributed spring-dashpot subunits radiating from the nucleus was proposed in Coskun et al. (28) , where an amoeboid cell motility with application to live cell imaging data was studied.
Individual and collective cell movement of Dictyostelium discoideum was studied by means of discrete models in Palsson and Othmer (29) and Dallon and Othmer (30) . The viscoelastic properties of single cells were taken into account while assuming that cells are deformable ellipsoids, each of which contains a spring in parallel with a Maxwell element.
To produce forward motion, a biological cell utilizes actin polymerization at the leading edge and molecular motors such as myosins to push and pull against the substrate adhesions. Many models consider the leading cell front protrusion to be due to actin polymerization and the action of myosin motors as active forces that should be taken into consideration. Different approaches to specifying cell active forces exist; here we discuss only the most representative of them. If a cell or a lamellipodium is modeled by a set of connected nodes, the active stress (13) or tensile forces (15) can be specified for each pair of connected nodes. Another approach is to apply active forces either to each lamellipodium node (16, 31) , or only at the front boundary nodes of the lamellipodium (20) , and then to define their direction as radiated from the center of the model cell (20) . In addition, to specify the direction of the cell motion, either a gradient in active stress due to intracellular molecular processes (13) or a gradient in some external factors, such as in chemotaxis (15) , or even a rule based top-down approach, (16, 20) is used.
In this article, we focus our attention on model development for a fibroblast cell. The fibroblast is a widely studied cell type. A fibroblast moves using an actin-based cytoskeleton and exhibits stages of locomotion (when moving on a plane substrate) that are common to all motile cells. Relatively simple cytoskeleton organization of fibroblasts with active contractile forces generated mainly at the cell front with the cell rear serving as a passive anchorage (32) allows us to develop a biomechanical model of fibroblast locomotion, incorporating many features from previously developed models (13, 15, 17) .
Recent experiments revealed that fibroblasts planted on the substrate with a step in rigidity show preference for movement on the stiff side of the substrate (1). Here, we present a cell model that is able to interpret these experiments. We base our model assumptions on the experimental observations, omitting the precise details of biomolecular interactions at this time. Our model adequately describes fibroblast motility on substrates with different rigidities. At the same time, the model allows us to make additional predictions that have not yet been studied experimentally.
METHODS

Cell biomechanics
The two-dimensional cell cytoskeleton is modeled by N nodes connected by edges according to the Delaunay triangulation (Fig. 1) . We consider the model cell situated on the (x, y) plane with coordinates of the cell nodes denoted as (x i , y i ). Because experiments revealed the viscoelastic nature of the cell cytoskeleton (24, 25) , each edge that connects neighboring nodes i and j, consists of a Hookean spring with elasticity coefficient E ij and a dashpot with viscosity coefficient m, connected in parallel ( Fig. 1 
Thus, the model cell is described by a set of the following force balance equations for each i th node
Here, m 0i is the viscosity coefficient simulating the effective viscous drag force (under i th node) due to the cell-substrate interaction. The expressioñ r i ¼ ðx i ; y i Þ is the radius-vector of i th node, m is the cell cytoskeleton viscosity coefficient, and E ij is the cell cytoskeleton elasticity coefficient. The expression 3 ij is the linear deformation of the spring between neighboring nodes i and j,r ij is the unit vector parallel to the line connecting neighboring nodes i and j, andF i is the active force, modeling myosin II powered contractions and applied at node i. (For a detailed description of all terms in Eq. 2, see the motivation below and the Supporting Material.)
Cell viscoelasticity
Recent experiments indicate a gradual but significant decrease in the elasticity of fibroblast lamellipodium from the leading edge of the cell toward the rear (1, (33) (34) (35) . Hence, we assume that the actin network density, and thus its elasticity, quadratically decreases with position inside the model cell, from its maximum value at the front to the minimum at the rear of the cell. Particularly, we assume that the elasticity coefficient E ij of the cytoskeleton changes from E max ¼ 10 À3 kdyn/cm at the cell front to E min ¼ 10
À5
kdyn/cm at the cell rear, along the cell, and that it does not change in the direction normal to the cell symmetry axis (Fig. S1 in the Supporting Material). We choose constant viscosity coefficient m ¼ 0.2 Â 10 À4 kdyn Â min/cm of the cell cytoskeleton. However, the gradient in cell viscosity, as well as other gradients of physical properties of the cell and the substrate (for example, a gradient in the cell-substrate attachment strength), can be readily included in our model. To compare our model parameters with experimental data (see Table 1 ), the experimental elasticity and viscosity coefficients should be multiplied by 1 mm ¼ 10 À4 cm, which is the assumed cell height in our model (36) . In general, the cell elasticity coefficient affects the equilibrium length of the cell, whereas the cell viscosity coefficient influences the characteristic
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time it takes to stretch or compress the cell. The latter has no significant effect on the phenomena studied in this work. However, the cell viscosity coefficient could be important in producing a specific pattern of traction forces under the cell planted on an elastic substrate.
Cell force generation
Consider a pair of neighboring nodes in the frontal region of the cell. An applied contractile force between such two nodes mimics an acto-myosin fiber connecting them. Assuming that the cell-substrate adhesion is uniform at every node, the local net force at each node (which is a sum of all the contractile forces from the neighboring nodes) should point in the general direction of the cell front, if the cell is to move in the chosen direction. Thus, according to this representation, we simply apply forces at every node radiating toward the cell front. In a more complex case with graded or nonuniform adhesion throughout the cell, the applied local forces could point in various directions (which will also result in a complex pattern of traction forces underneath the cell); however, to produce persistent motion, the overall cell force should again point toward the cell front.
The localization and magnitude of the cell-generated active forces in a model cell should correspond to the specific type of cell that is being simulated. In our fibroblast model, the direction of the active force at each node is determined by extending the line connecting the i th node with the cell center. The direction of the applied force at i th node is indicated by the shaded arrow in Fig. 1 . The choice of the point from which the forces radiate (the cell center in our model) is arbitrary; however, such a setup represents the effect of the existing acto-myosin stress fibers that extend throughout the fibroblast cell, mostly between focal adhesions localized at the cell leading edge and the cell body. These focal adhesions also serve as signaling centers and anchor the actin cytoskeleton to the substrate.
We assume that the magnitude of the active force jF i j is nonzero for nodes marked by the large solid dots in Fig. 1 and Fig. S1 , while jF i j is zero for the rest of the nodes. This is in agreement with the experimentally observed distribution of active forces in fibroblasts, which are mostly found at the cell front (32) . In addition, by thus specifying the cell front and rear, we assume our cell to be in a polarized state (37) .
It was observed that on softer substrates, a cell produces smaller traction stress, whereas on stiffer substrates the traction stress increases (1). Because cells are able to develop stronger mechanical forces on rigid substrates, it is natural to assume that the active force generated by the cell increases with substrate rigidity. We use a Hill function to describe the active force growth with substrate rigidity. The choice of the Hill function is reasonable, because the growth of the cell-generated active force with the substrate rigidity should be limited by the total amount of the available nonmuscle myosin II in the cell. Thus, the active force should arrive at a plateau once all the myosin motors in the cell are activated. At the same time, because the active force generation by myosin motors in a cell is ultimately coupled (through the actin cytoskeleton) with the cell-substrate attachments, it should be described by a higher order function than a saturation function (see discussion below for the cell-substrate interaction).
This perception also supports the suggestion, frequently discussed in literature (38) , that the cell-generated forces are triggered through a molecular or mechanical switch coupled to the substrate properties. Within our model, we are not in a position to resolve which type of switch (molecular or mechanical) it is. However, such a switch will be nonresponsive at low substrate rigidities, fast-reacting near a critical value, and quickly saturate at high rigidities.
Therefore, we use the following dependence of the magnitude of the cellgenerated force at i th front node on the substrate rigidity s ST (Fig. 2) ,
where jF act j ¼ 6 mdyn is the maximum active force, s av ¼ 400 kdyn/cm 2 is the optimal substrate rigidity, and N front ¼ 24 is the number of cell frontal nodes, which are the nodes marked by the large solid dots in Fig. 1 
where (x i , y i ) are the current coordinates of the i th node on the substrate (see Supporting Material). In our model, the optimal rigidity is the rigidity of the substrate upon which the cell reaches maximum speed of locomotion. In nature, it is the rigidity of the native tissue (extracellular matrix) through which these fibroblast cells are designed to navigate, such as connective or fibrous tissue. The active force jF act j ¼ 6 mdyn ¼ 60 nN generated by the cell is the most frequently reported experimentally measured fibroblast force per cell, although values in the range of 0.1-1000 nN were reported (39, 40) . FIGURE 1 Two-dimensional cell mesh and the cytoskeleton mechanical properties. The nonstretched cell is shown at the initial time moment. Each edge that connects neighboring nodes i and j is modeled as an elastic spring with elasticity coefficient E ij and viscous dashpot with viscosity coefficient m, connected in parallel. The active forces F i are applied only at the front of the cell, at nodes marked by the large solid dots. A representative force is marked by a shaded arrow. The cell center is indicated by a letter C. . However, the authors (44) did expect the attachment force to plateau for very stiff substrates. Note that the rigidity of a bone tissue is of the same order: 1000 kdyn/cm 2 ¼ 100 kPa, which is greater than the rigidity of the native for fibroblast tissues.
For a steady moving cell, the adhesion force is proportional to the cellsubstrate viscous interaction, simply described by a viscosity coefficient (multiplied by the cell speed). Thus, we assume that the viscosity coefficient m 0i due to the cell-substrate interaction at the i th node is a linearly increasing function of substrate rigidity,
where s ST ¼ s ST (x i , y i ) is the substrate rigidity at the i th node with coordinates (x i , y i ) and k ¼ 10 À6 min Â cm is the proportionality coefficient.
The viscosity coefficient may eventually saturate with substrate rigidity; however, this saturation happens outside of the substrate rigidity range suitable for fibroblasts (44) . See Table 1 for cell and substrate properties known from experiment and Supporting Material for computational details.
RESULTS AND DISCUSSION
Cell speed and cell-substrate contact area as functions of substrate rigidity
The calculated cell speed v (Fig. 3 a) is a bell-shaped function of the substrate rigidity s ST . The values of the calculated steady-state cell speed in the model are in quantitative agreement with experimentally observed values for fibroblasts, which are~0.5 mm/min (1) (see Table 2 ). We also find that the cell's projected area increases with substrate rigidity (Fig. 3 b) . Indeed, experiments show a general trend toward the growth of projected fibroblast area with the substrate rigidity (1, 8, 45) . The calculated equilibrium cell area is comparable with the observed values (1) for fibroblasts (Table 2) .
Previously, similar bell-shaped distribution of cell speed was found experimentally as a function of substrate adhesiveness (46) . This dependence was first predicted in DiMilla et al. (17) . According to the computational model proposed by DiMilla et al. (17) , a biphasic relationship between cell substratum adhesiveness and cell speed arises when bond distribution asymmetry results from a spatial variation in strength of adhesion-receptor/ligand binding. When no difference in adhesiveness exists between the front and rear of the cell, no movement occurs because no asymmetry has been created. Decreasing adhesiveness at the rear (or Table 2 for rigidity values of these substrates. increasing adhesiveness at the front) results in a biphasic relationship between movement speed and adhesiveness because bond-number asymmetry has been created (17) . Here, the possibility of polarized endocytic trafficking was omitted.
In addition, in the same model, similar effect was observed for the alternative case in which bond-number asymmetry results from polarized receptor recycling, with bond affinity now constant along the cell (17) . Again, cell speed can exhibit a biphasic dependence on cell substratum adhesiveness, although for high rates of endocytosis, monophasic behavior develops. Increasing endocytosis rates corresponds to increasing adhesion-receptor number asymmetry between the lamellipod and the uropod (17) .
Although DiMilla et al. (17) consider active forces uniformly distributed along the cell, in our model these forces are concentrated at the cell front as was determined for fibroblasts (1) . At the same time, in our model the maximum active force generated by the cell grows as a Hill function with substrate stiffness. Contrary to this, in the model of DiMilla et al. (17) there is no postulated dependence of the contractile cell force on substrate adhesiveness. When the level of the cell-generated force in the model of DiMilla et al. (17) is raised, the observed cell speed quickly saturates and becomes independent of the substrate adhesiveness. In our model, the cell speed increases if the cell-generated force grows while cell substrate interaction is kept at a constant level. Increased substrate stiffness hampers this growth, and eventually results in diminished motility.
In previously published models, there was no contractile force asymmetry considered; however, it is natural to assume that, because cell motility results from the balance between the cell-substrate attachment and cell active (contractile and protrusive) force generation, the asymmetry in either of these will result in cell forward motion and a biphasic distribution of cell speed as a function of the cell-substrate adhesiveness. We explored this aspect in Gracheva and Othmer (13) .
Ultimately, cell uses the same contractile machinery, the same adhesion mechanisms, and the same signaling pathways to control them regardless of whether it is moving on substrates with different adhesiveness or with different rigidities. Furthermore, we expect to observe similar trends in cellular behavior-in particular, the biphasic cell-speed distribution and saturation in cell elongation as functions of cell-substrate adhesiveness, as observed for Chinese hampster ovarian cells (46) or substrate rigidity, as observed for smooth muscle cells (9) . The maximal migration speed of smooth muscle cells occurred on substrates of intermediate rigidity, as observed in Peyton and Putnam (9) . Not surprisingly, the precise value of this intermediate rigidity was found to depend on the substrate ligand density. In addition, the ability of cells to form the bundled actin stress-fiber network was found to depend on substrate rigidity (9) . A relative absence of these fibers was observed in cells on the softer substrates, in contrast to the well-defined filaments observed in cells on the stiffer substrates (9) . This observation also correlates well with our model where active force generated by the cell is a function of the substrate rigidity.
Other experiments also show that the cell speed is reduced on substrates with very large rigidities (2, 47) . In addition, cells planted on a substrate with gradient in rigidity close to linear, migrate distinctly toward the stiffer region of the substrate, where accumulation of cells occurs (41, 48) . The accumulation of cells occurs on stiff substrates because the cells move more efficiently on stiff substrates. At the same time, the accumulation of cells becomes less pronounced on the very stiff substrates (49) , which is probably due to the significantly reduced cell speed or even inability of cells to move (disengage adhesions) on these substrates. Less-effective cell movement on very stiff substrates was also observed in Peyton and Putnam (9) . The biphasic behavior of cell speed on substrate rigidity was also observed for neutrophils, where the optimal motility at intermediate stiffness was also a function of extracellular matrix coating (50) .
How does this cellular behavior arise in our model? As pointed out before, cell motility results from the balance among cell adhesion and cell active and protrusive forces. According to a theoretical estimate (13) , the cell speed v depends on the ratio of the active cell force F and the cell-substrate interaction, in our case described by the viscosity coefficient m 0 , as
Both F and m 0 are assumed to be dependent on substrate rigidity s ST in our model. In fact, the quantitative behavior (the nonmonotonicity) of cell speed in our model is determined by the particular form of the active force and the viscosity coefficient as functions of substrate rigidity, which are given by Eqs. 3 and 4. We justify these functional dependences as follows.
Both active and drag forces appear to be increasing functions of substrate rigidity within physiological range of tissue rigidities (up to 1000 kdyn/cm 2 ) (1, 42, 44) . On the other hand, for epithelial cells a linear dependence of the force at a single focal adhesion on substrate rigidity was revealed (44) . However, this force may eventually saturate for substrates with very large rigidity (>1000 kdyn/cm 2 ). At the same time, increased substrate stiffness is associated with formation of acto-myosin stress fiber bundles (9, 51, 52) , which suggests that the substrate rigidity controls myosin-mediated actin cytoskeleton contractility. The active force in our model is the measure of the cytoskeleton contractility. We assume that the active cell force is a Hill function, meaning that there is an optimal substrate rigidity up to which the cell-generated force is growing rapidly. Once the substrate rigidity is greater than this optimal rigidity, the growth of the cell-generated force slows down and eventually saturates when all of the myosin motors are engaged at very large rigidities. It follows from the experiments (1,9) that the optimal rigidity corresponds to the native rigidity of fibroblast tissues, which is observed to bẽ 300-400 kdyn/cm 2 . This value is smaller than the value of substrate rigidity at which the saturation in cell-substrate interaction (drag force) occurs (1000 kdyn/cm 2 ). Thus, according to these observations, below the optimal rigidity the active force should increase much more steeply than the drag force, so that the cell speed increases at low rigidity. The maximum cell speed is reached at optimal rigidity due to the fast reacting active force while the drag force is still increasing linearly. At high substrate rigidities, where the active force is at saturation, the drag force keeps on increasing, which results in the cell speed decline.
In addition, because focal adhesions not only anchor the actin cytoskeleton to the substrate or the extracellular matrix, but also have important signaling functions, the value of the optimal rigidity is a function of substrate ligand density (9), which is not considered explicitly in our model. Furthermore, inhibition of ROCK, which is responsible for the bundling of acto-myosin stress fibers, leads to the reduction of cell migration speed in muscle cells on soft and stiff substrates alike (9) . In our model, this corresponds to a lower saturation value of the active force generated by the cell, which in turn will result in lower cell speed.
Several theoretical models were put forward in recent years to describe the mechanisms of mechanosensitivity (see (38, 42) and references within). One group of models relies on an assumption that focal adhesions, like many other mechanosensing devices in the cell, contain special molecular switches or special proteins that react to the application of force by switching to an active conformation (38) . A subgroup of these models proposes that these protein switches sense physical stress (53), while another subgroup suggests that a mechanosensor switch is triggered by local elastic strain (54) . There are also models in which the nature of the switch is assumed to be chemical (due to protein signaling (12) ). Yet another model does not rely on any hypothetical switches, but maintains that the mechanism of mechanosensitivity is based purely on thermodynamic principles, according to which the stretching stress decreases the protein's chemical potential within the adhesion plaque (55) .
Although our model does not discriminate between physical or molecular switching possibly involved in the cell force activation, it does support the presence of a positive feedback between the cell-substrate interaction and the active force generation by the cell. This feedback mechanism is believed to be responsible for reinforcement of the actomyosin stress fibers (see, for example, (1) or (9)). Given the complexity of cellular responses to extracellular environment, one could conclude that the physical and chemical cues from the substrate act in accordance to produce a specific cellular response.
From soft to stiff: crossing the boundary To test our model further, we simulate cell motion on substrate with a step in rigidity. It was observed experimentally that fibroblasts can readily cross the boundary on a substrate with a step in rigidity when moving from the soft to the stiff side of the substrate (1) . To model the experimental setup from Lo et al. (1), we consider a substrate with a step in rigidity (see the Supporting Material for the description of stiff-soft substrate via a Hill function, which mimics substrate with a step in rigidity). The left-hand side of this substrate has the rigidity s I and the right-hand side has the rigidity s II (i.e., soft and stiff, respectively; see Table 2 for the values). We let the model cell move on the soft substrate (s I ) toward the boundary with the stiff substrate (s II ). At the initial time-moment here and below, the cell is located far from the boundary, in order to give it enough time to reach the steady-state speed, equilibrium length, and area that is typical for a given value of s ST .
Both experimental (Fig. 4 a, reproduced from Lo et al.
(1) with permission) and simulated (Fig. 4 b and Movie S1) cells, initially planted on the soft side of substrate, migrate across the boundary from the soft to the stiff side. Once the model cell migrates to the stiff side of the substrate, its projected area and speed increase until the steady-state is reached (Fig. S2) , with the cell shape, as well as the cell speed and area values, that are typical for the stiff substrate. Thus, the model qualitatively describes experimentally observed behavior. The model cell speed and area on both the stiff and the soft substrates are also in good agreement with experiments (see Table 2 for explicit values).
From stiff to soft: turning away from the boundary Next, we let the model cell move on the stiff side of the substrate (s II ) toward the boundary with the soft side of the substrate (s I ), and with the same step in rigidity.
Both experimental ( to the boundary (at a normal angle to the boundary), and then changes the direction of motion to move along the boundary. The angle of approach to the stiff-soft substrate boundary is limited in our model. If the model cell path is perpendicular to the boundary, the cell does not ''notice'' the stiff-soft substrate boundary because of the equal active force that the cell generates on the right-and left-hand side of the cell, and the absence of the biochemical regulation of the cell active force as well as of the cell-substrate interaction. As a result, the model cell does not change the direction of movement and crosses the boundary between the two substrate rigidities. There is the critical angle (43.2 ) of the cell approach to the rigidity boundary. If the cell approaches the rigidity boundary at an angle between 43.2 and 90 , it makes a mistake and crosses the boundary to the soft side. This angle can be improved by considering wider active cell node distribution throughout the cell or by adding biochemical reactions that will activate forces at dormant nodes during the turn. (See Supporting Material for additional results.) Thus, the dynamic remodeling of acto-myosin fiber distribution is required to capture cell turning behavior at near-normal angles.
To conclude, our biomechanical model not only describes the observed cell speeds and cell spreading tendencies but also captures the essential cell dynamics on substrates with different rigidities, including substrates with the rigidity a b step. The suggestion that the substrate contact sites in lamellipodium are stimulated and sustained when they encounter strong mechanical input from a stiffer substrate, which is expressed in Lo et al. (1) , falls in line with our model. A similar idea is expressed in Bischofs and Schwarz (11), who maintain that cells prefer an environment that supports the most effective application of force, at least for fibroblast cells. However, according to our model, even though the cell prefers the environment that supports larger cell forces, the cell motility still can be hampered because of strong cellsubstrate adhesion. Additional experiments are required to make certain that this is indeed so. For example, it would be interesting to see a wider range of substrate rigidities studied for one particular set of cells in order to validate our predicted dependence of cell speed on substrate rigidity. It would be useful as well to compare the cell turning behavior between two substrates for a different pair of substrate rigidities, as suggested in an additional discussion found in From Stiff to Very Stiff: The Right-Hand Side of the Bell-Shaped Function (Speed versus s ST ) in the Supporting Material.
CONCLUSIONS
In this work, we have developed a discrete two-dimensional model of cell biomechanics. Our main goal was to study the role of cell mechanics in substrate rigidity sensing, with an emphasis on investigating cell behavior on a substrate that has a rigidity step. We have formulated the observed experimental cell properties as model parameters and did not explicitly consider the biomolecular interactions that lead to these properties. Our model shows how the internal cell mechanics may contribute to experimentally observed cell behavior such as substrate-rigidity sensing.
Even with such a simplified description of a fibroblast cell, we can correctly describe the experimentally observed cellular behavior (1) on a substrate with a rigidity step and make certain predictions. The fibroblasts in the study (1) and the model cell prefer to move on the stiffer substrates. The model cell that moves from the stiff side of the substrate toward the soft side remains on the stiff side, and turns away from the rigidity boundary. The model cell that approaches the boundary from the soft side crosses it and continues to move on the stiff side, similar to the experimentally observed behavior of fibroblasts. The calculated cell speed and cell area are within the experimentally observed range. In addition, the model suggests the bell-shaped dependence of the cell speed to be a function of substrate rigidity.
The model predicts similar cell behavior if the step in rigidity is chosen with rigidity values from the right-hand side of the bell-shaped function v(s ST ): the cell turns away from the softer substrate and stays on the stiffer substrate if it approaches the boundary between stiff and very stiff substrate rigidities. However, the cell speed will be lower and the cell spread area will be larger in this case. On extremely stiff substrates, the speed of the model cell is so low that the cell can be considered as nonmotile.
Although we apply our model to describe behavior of a fibroblast cell, it may be applied to simulate different types of cells. To do this, we would need to use values of the model parameters corresponding to another cell type, including a specific distribution of active forces in the cell.
A limitation of the model is a notion of a critical angle at which the model cell makes mistakes and chooses the soft substrate over the stiff substrate. This may be corrected by considering the underlying biomolecular processes that are responsible for fast acto-myosin cytoskeleton remodeling and adaptation of cellular processes to the changing extracellular environment.
Future development of the model includes biomolecular regulation of cell active force generation, integrin signaling, and explicit modeling of actin polymerization. A minimal set of biochemical reactions may be modeled that includes conservation of total amount of actin, integrin, and myosin (similar to Gracheva and Othmer (13)). Free diffusion of actin monomers, myosins, and integrins in cytosol, as well as a network-bound actin, acto-myosin complexes, and substrate-bound integrins, could be included. The stochastic approach (56, 57) may also be applied to describe the cellsubstrate interaction to account for effects due to a finite number of discrete adhesion sites on the substrate, stochastic binding with the substrate, and the variations in the binding strength.
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